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F
ollowing the discovery of extraordin-
ary optical transmission (EOT) by
Ebbesen etal.,1metallicfilmsperforated

with subwavelength nanoholes have been
the focus of intense research in the growing
field of plasmonics. These nanostructured
films convert incident light into surface
plasmons (SPs), which are electromagnetic
surface waves that propagate at themetal�
dielectric interface. The excitation of SPs
modulates the optical transmission spec-
trum through the nanohole array, generat-
ing intense transmission peaks at the
wavelengths determined by the shape and
periodicity of the nanoholes.2 Because the
spectral resonances can be easily tuned by
changing the geometry of the nanostruc-
tured film,many potential applications have
been proposed, including label-free optical
biosensing,3�13 surface-enhanced spectro-
scopy,14�18 and plasmonic photovoltaics.19�21

Among these applications, label-free kinetic
biosensing, in particular, has been widely ex-
plored due to the commercial success of sur-
face plasmon resonance (SPR) instruments in
pharmaceutical research.22,23 The existence of
commercial SPR instruments such as BIAcore
invites the development of more advanced
SPR biosensors. However, any novel platform
needs to justify the extra design and nanofab-
rication effort involved either by significantly
improving the sensitivity or by enabling new
functionality. In this regard, nanohole biosen-
sors have shownmanyunique capabilities. The
platform is based on a simple, low-cost, colli-
near transmission optical setup, with straight-
forward alignment allowing the use of high-
numerical-aperture imaging optics.3,10,24 In
one example, Lindquist et al. showed that a
sub-1 μm2 footprint array can be used for SPR
imaging in a dense microarray format.25 In
addition, the unique geometry of metallic

nanoholes facilitates the integration of sup-
ported lipid bilayer (SLB) membranes5 or pore-
spanning lipid membranes11 to mimic bio-
chemical reactionsoccurringonnatural cellular
membranes. In other work, nanoholes have
been used as nanofluidic elements to monitor
molecular transport.26

Despite these promising applications,
costly fabrication of the nanohole sensor
chips has been a bottleneck for their wide-
spread dissemination. The majority of exist-
ing work utilizes direct patterning of Au films
using focused ion beam (FIB) milling or elec-
tron-beam lithography (EBL). These serial
writing techniques, however, cannot be used
for routine production of large-area nano-
hole array chips. To address this problem,
several groups have employed interference
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ABSTRACT Inexpensive, reproducible, and high-throughput fabrication of nanometric apertures

in metallic films can benefit many applications in plasmonics, sensing, spectroscopy, lithography,

and imaging. Here we use template-stripping to pattern periodic nanohole arrays in optically thick,

smooth Ag films with a silicon template made via nanoimprint lithography. Ag is a low-cost material

with good optical properties, but it suffers from poor chemical stability and biocompatibility.

However, a thin silica shell encapsulating our template-stripped Ag nanoholes facilitates biosensing

applications by protecting the Ag from oxidation as well as providing a robust surface that can be

readily modified with a variety of biomolecules using well-established silane chemistry. The

thickness of the conformal silica shell can be precisely tuned by atomic layer deposition, and a 15 nm

thick silica shell can effectively prevent fluorophore quenching. The Ag nanohole arrays with silica

shells can also be bonded to polydimethylsiloxane (PDMS) microfluidic channels for fluorescence

imaging, formation of supported lipid bilayers, and real-time, label-free SPR sensing. Additionally,

the smooth surfaces of the template-stripped Ag films enhance refractive index sensitivity compared

with as-deposited, rough Ag films. Because nearly centimeter-sized nanohole arrays can be produced

inexpensively without using any additional lithography, etching, or lift-off, this method can

facilitate widespread applications of metallic nanohole arrays for plasmonics and biosensing.

KEYWORDS: template-stripping . plasmonics . surfaceplasmon resonance . nanohole
array . atomic layer deposition . microfluidics . biosensing . nanoimprint lithography .
supported lipid bilayer
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lithography,20,24,27,28 nanosphere lithography,5,16,17 or
nanoimprint lithography6,29,30 to pattern nanoholes
over large areas. With conventional interference litho-
graphy or nanoimprint lithography, photoresist is spun
on the metal film, followed by exposure, development,
and patterning by ion milling or lift-off for every chip
produced. While nanosphere lithography can elimi-
nate the needs to use a photomask and an exposure
system, precise tunability and long-range patterning
order cannot be achieved, and in most cases, only
optically thin (<50 nm) metal films have been demon-
strated. Instead of using direct etching, nanohole
arrays can also be fabricated by depositingmetals onto
a template with deep-hole structures and by removing
the perforated metal film, as shown in the advanced
soft lithography PEEL technique27,31 or by a template-
stripping method.32

The template-stripping technique32 leverages ma-
ture silicon processing technology to make a precisely
patterned Si master template. The pattern is then
transferred to a deposited metal film, which can be
peeled off on demand using an adhesive backing layer.
Because a single master template can be repeatedly
used to make multiple (>50) copies of the patterned
metal films, this process does not require any addi-
tional photoresist processing, exposure, etching, or lift-
off. Furthermore, the metallic surface obtained by
template-stripping retains the smoothness of the crys-
talline Si master template, typically less than 1�2 nm,
in contrast to the rough surfaces of as-deposited metal
films.32 The fabrication of smooth patterned surfaces is

essential for applications in plasmonics. Since the
electromagnetic fields of SP waves are confined to
within 10�100 nm of the metallic surfaces, even
nanometric roughness can severely dampen the pro-
pagation of SP waves or generate unwanted random
“hot spots”.32,33 Previously, template-stripping was
used to fabricate nanoholes in optically thin (30 nm)
Ag films using a Si template made via nanosphere
lithography.32 However, template-stripping of periodic
nanoholes in optically thick (>100 nm) metal films
remains a challenge. Also, both the Ag nanohole film
and the exposed adhesive backing layer should be
protected for biosensing in an aqueous environment.
This work combines template-stripping with atomic

layer deposition (ALD) to produce periodic nanohole
arrays in smooth and optically thick (>100 nm) Ag films,
which are subsequently encapsulated with an ALD-
grown silica shell for real-time SPR biosensing. Na-
noimprint lithography is used to pattern the reusable
Si master templates, from which Ag nanohole arrays
are replicated with metal deposition and a one-step,
peel-off process using optical epoxy as a backing layer.
For biosensing, themetallic surface should bemodified
with molecular recognition elements. Au films are
generally preferred for this purpose because they are
chemically inert, noncytotoxic, and amenable to well-
established surface-modification protocols using self-
assembled monolayers.34 Many groups have also inves-
tigated the use of Ag plasmonic structures because they
are less expensive than Au while exhibiting lower
SP propagation losses in the visible spectrum.35�37

Figure 1. Schematic for fabricating the large-areananohole arrays. (a) Thermal resist layer spunona Siwafer is imprintedwith
a nanoimprint stamp with circular post patterns; (b) Si wafer is subsequently etched to be a nanohole template with deep
circular trenches. (c) Metal film is directionally deposited on the Si template. (d) Metal surface is coated with a thin layer of
epoxy and coveredwith a glass slide. The Ag film is then peeled off of the template to reveal the smooth nanohole arraymade
in the metal film. The Si template can be reused to make multiple identical samples.
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Working with Ag films, however, presents challenges
since they oxidize readily in air or water, and as-depos-
ited Ag films are typically rougher than Au films.32

Template-stripping can address the challenges of fabri-
cating smooth Ag nanohole arrays with high-through-
put. In addition, ALD-grown silica shells play essential
roles of protecting both the patterned Ag film and the
exposed epoxy substrate while also presenting a uni-
form surface that is amenable to a wide range of
chemical modification techniques. The spectral sensi-
tivity of smooth Ag nanohole arrays is systematically
characterized and compared with that of nanohole
arrays made in as-deposited Ag films. Formation of
self-assembled monolayers and lipid bilayers on the
silica-coated nanohole arrays is also demonstrated
along with SPR sensing of streptavidin binding to
biotinylated lipid bilayers.

RESULTS AND DISCUSSION

Nanohole Array Fabrication via Template-Stripping. The
template-stripping procedure employed in this paper is
illustrated in Figure 1. A Si master template containing a
periodic array of deep circular trenches (∼600 nm in

depth) was first fabricatedusingnanoimprint lithography
followed by deep-trench reactive ion etching. The
nanoimprint stamp contains a periodic array of Si posts
(210 nm in diameter, 350 nm in height, and 500 nm in
periodicity) over an 8 mm� 8 mm area (see Figure S1 in
the Supporting Information). After the surface was
cleaned, a 100 nm thick Ag film was deposited onto
the Si template by e-beamevaporation. Similar to the lift-
off process used in standard lithography, here we exploit
the poor step coverage to detach Ag atoms deposited in
each trench from the Ag film on the top surface of the
patterned Si master, as depicted in Figure 1c. Thus a
single metal deposition process can create the nanohole
patterns in the deposited metal film without using any
extra lithography, etching, or ionmilling. In this process, it
is crucial to reduce themetal deposition on the sidewalls,
especially in order to obtain optically thick (>100 nm) Ag
films, requiring the formation of vertical sidewalls in the
master template and alignment of themetal evaporation
source normal to the sample surface. The patterned Ag
film was subsequently coated with UV-curable optical
epoxy and coveredwith a glass slide. After the epoxywas
cured under UV light, the patterned metallic film, now

Figure 2. (a) Scanning electron microscope (SEM) image of the Si template with deep circular trenches. (b) Cross-sectional
SEM image of the Si template after depositing a 100 nm thick Ag film. (c) SEM image of the template-stripped Ag periodic
nanohole array. The inset shows a zoomed-in image of the template-stripped Ag nanoholes. The diameter of the nanoholes
and periodicity of the array are 180 and 500 nm, respectively. (d) Photograph of the fabricated nanohole array chip. A 26.5mm�
26.5mmarea of 100 nm thick Ag filmwith nanoholepatterns in an 8mm� 8mmarea in the center is transferred to a standard
microscope slide. The inset in panel d shows a photograph of a multichannel PDMS chip attached on the silica-coated
nanohole array chip.
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adhered to the glass slide, was peeled off of the template
to reveal the smooth buried surface. The Si templates
were then cleaned with a 1:1 mixture of sulfuric acid and
hydrogen peroxide for 10 min and reused.

Figure 2a shows a top-down scanning electron
microscope (SEM) image of a patterned Si template.
Figure 2b shows a cross-sectional SEM image of the
template after deposition of a 100 nm thick Ag film. The
nanohole patterns are created during the single metal
evaporation process. Figure 2c shows a SEM image of a
template-stripped Ag nanohole array. The hole

diameter and periodicity of nanoholes are about 180
and 500 nm, respectively. A photograph of the fabri-
cated nanohole array chip on a glass slide is shown in
Figure 2d. The periodic nanohole arrays were made in
an 8 mm � 8 mm area centered in a 100 nm thick Ag
film with an area of 26.5 mm� 26.5 mm. Alternatively,
EBL or FIB can also be used tomake the Si templates for
making smaller sizes of nanohole arrays (see Figure S2
in the Supporting Information).

The top surfaces of template-stripped Ag nanohole
arrays exhibit root-mean-square roughness values be-
low 1�2 nm, while as-deposited 100 nm thick Ag films
exhibit roughness of almost 5 nm, as shown in Figure 3.

Optical Characterization of Template-Stripped Ag Nanohole
Arrays. The optical transmission spectra of template-
stripped Ag nanohole arrays were measured with
illumination by a tungsten�halogen lamp through a
microscope objective (5�, NA = 0.15) and collected
with a fiber-optic spectrometer. Figure 4a shows optical
transmission spectra of template-stripped Ag nanohole
arrays in contact with different refractive index solu-
tions prepared by mixing water and ethanol, which
were injected through amicrofluidic cartridge attached
to the chip. The transmission spectra were normalized
by the spectrum of the incident light source. The
measured transmission spectra are uniform across the
entire chip area with about 0.1 nm variance in spectral
peak positions (data not shown). Figure 4b shows the
spectral shift of the transmission minimum around
700 nm as the refractive index of the water�ethanol
mixture changes from 1.333 to 1.350, as shown in
Figure 4a. The measured bulk refractive index sensitiv-
ity is 450 nm/RIU (RIU = refractive index unit). This is
about only 10% lower than the theoretical value calcu-
lated with finite-difference time-domain (FDTD) simu-
lations (see Figure S3 in the Supporting Information)
but higher than previously reported values with similar
nanohole dimensions.3,38

To examine the spectral sensitivity of Ag nanohole
arrays to local changes in the refractive index, thin
conformal silica shells were sequentially deposited on
the nanohole arrays using ALD. The controlled deposi-
tion of a conformal dielectric overlayer on the top and
bottom surfaces as well as the sidewalls of the nano-
hole, analogous to the adsorption of biomolecules,
provides a usefulmethod to characterize the sensitivity
and dynamic range of SPR biosensors.37,39 The spectral
shifts were measured after depositing sequential 5 nm
thick silica shells. For comparison, control samples of
nanohole arrays made in evaporated and template-
stripped Ag films using FIB were also characterized.
Figure 4c shows the spectral shifts of the template-
stripped nanohole arrays with the control samples. The
sensitivity of the template-stripped nanohole array is
similar to the nanohole arraymade by direct FIBmilling
in a template-stripped Ag film but about 67% higher
than those made with FIB in an as-deposited rough Ag

Figure 3. SEM images of (a) an as-deposited 100 nm thick
Ag film on the Si template and (b) template-stripped Ag
nanoholes peeled off of the template in panel a. (c) Root-
mean-square roughness of the Si template (0.5( 0.05 nm),
the as-deposited 100 nm thick Ag film (4.8( 1.2 nm) shown
in panel a, and the template-strippedAgfilm (1.45(0.2 nm)
shown in panel b.
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film. The improved sensitivity can be explained with
reduced SP damping due to the smooth surface. Liu
et al. demonstrated that the sensitivity of a Ag SPR
sensor can be enhanced by reducing the roughness of
a Ag film depositedwith a thin Ni seed layer.40 Previous
work demonstrated that the SP propagation lengths
on ultrasmooth template-stripped (sub-1 nm rough-
ness) Ag films increased by a factor of 5�7 in the visible
regime comparedwith standard evaporated Ag films.32

In a periodic nanohole system, however, the smooth
region between adjacent holes is only a few hundred
nanometers in size, and SPs also scatter strongly from
each nanohole. Thus the effect of smoothness on the
EOT spectrum is not as dramatic as the propagation
length improvements seen in unpatterned films. Never-
theless, template-stripped Ag nanohole arrays also
provide the benefits of high-throughput and low-cost
fabrication in addition to the smooth metallic surfaces
that improve the overall performance.

ALD Silica Shells and Surface Modification. To avoid un-
wanted oxidation of Ag surfaces, the template-
stripped Ag nanohole arrays were coated by a 15 nm
thick silica shell using ALD.41 Capping the Ag nanohole
array with a hydrophilic silica shell not only protects its
surface but also enables the use of well-established
silane chemistry to covalently attach biomolecules or

create a supported or suspended lipid bilayer.11,42,43 As
shown in Figure 4c, the spectral response of the Ag
nanohole array remains linear with the deposition of
silica shells up to the thickness of ∼25 nm, indicating
that a 15 nm thick shell still provides sufficient sensi-
tivity. In fact, the refractive index of protein layers and
phospholipid bilayers is close to the refractive index of
silica,44,45 making silica shells a useful model for esti-
mating the sensitivity and probing range of nanoplas-
monic sensors. To visualize this, Figure 4d shows the
simulated distribution of total electric field intensity
(Ex

2þ Ey
2þ Ez

2) around nanoholes before and after the
15 nm thick silica shell is deposited. It can be seen that
the sizes of hot spots, where strong resonant fields are
concentrated around the edges of nanoholes, are
larger than the thickness of the silica layer and the
presence of the shell does not reduce the intensity of
the field. The 15 nm thick silica layer is able to protect
the Ag nanoholes from harsh oxidizing conditions
such as oxygen plasma treatment (see Figure S4 in the
Supporting Information). Therefore, it is also possible
to permanently bond a polydimethylsiloxane (PDMS)
microfluidic chip and silica-coated Ag nanohole ar-
rays without damaging the underlying nanohole ar-
rays. The inset of Figure 2d shows a photograph
of a 12-channel microfluidic chip aligned onto the

Figure 4. (a) Experimentally measured optical transmission spectra through the nanohole arrays with 180 nm hole size and
500 nmperiodicitymade in a 100 nm thick Ag film. The bulk refractive index of awater�ethanolmixture on the Ag film varies
from 1.333 to 1.350. (b) Bulk refractive index sensitivity measurements of the fabricated nanohole arrays shown in panel a.
The spectral shifts are measured as the refractive index of the water�ethanol mixture changes from 1.333 to 1.350. The
calculated bulk sensitivity is 450 nm/RIU (RIU = refractive index unit). The solid red line shows a fitted linear curve. (c) Local
sensitivitymeasurements of a template-stripped nanohole arraywith two control samplesmade by FIBmilling on a template-
stripped (smooth) and an evaporated (rough) Ag film. In this case, the spectral shift was measured as the thickness of silica
shell deposited via ALD increases from 0 to 20 nm. (d) Three-dimensional FDTD simulation of the time-averaged surface
plasmon field intensity for template-stripped nanohole arrays with and without a 15 nm thick silica shell.
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silica-coated nanohole array sample. The inlets and
outlets of channels were connected with syringes via
polytetrafluoroethylene (PTFE) microbore tubes, and
syringe pumps were used to control the flow rate of
solutions.

To demonstrate surface modification of the tem-
plate-stripped Ag nanohole arrays with the silica shell,
the silica surface was chemically functionalized with
aminopropyltriethoxysilane (APTES) solutions to form
a self-assembled monolayer (SAM), and fluoropho-
res were then covalently linked to the APTES SAM.
Figure 5a shows a fluorescence image of four micro-
fluidic channels where different concentrations of
carboxyfluorescein were immobilized on the surface
via the APTES. The channel width and spacing are 250
μm. In the leftmost channel, phosphate buffered saline
(PBS) was injected as a negative control while the other
three channels were incubated with 2% (v/v) APTES
solutions. After 1 h of incubation, the channels were
washed with PBS and 4, 10, and 20 μM of carboxy-
fluorescein solutions (in the presence of 1-ethyl-3-
(3-dimethylaminopropyl)carbodiimide, EDC coupling

reagent) were injected for 90 min with a flow rate of
3 μL/min. In the negative control channel, 20 μM of
carboxyfluorescein solution was injected without EDC.
The fluorescence image was taken after washing the
channelwith PBS for 10minwith aflow rateof 30μL/min.
Figure 5b shows the fluorescence intensity from each
channel shown in Figure 5a. The fluorescence inten-
sity in the negative control channel is similar to the
level of background noise, and the fluorescence
intensity scales linearly with the concentration of
carboxyfluorescein solutions injected. This indicates
the silica-coated surface can be chemically func-
tionalized by a SAM of APTES and standard coupling
chemistry can be used to attach other molecules.
Furthermore, the silica shell prevents quenching by
acting as a spacer between the Ag film and the
immobilized fluorophores.

In addition to surface modification with APTES, the
formation of supported lipid bilayers (SLBs) is demon-
strated on the silica surface. SLBs are commonly em-
ployed biomimetic structures that allow lipid bilayers to
be interfaced with solid-state sensors andmicrofluidics

Figure 5. (a) Fluorescence image of template-stripped nanohole arrays covered by a conformal silica layer where the surface
is functionalized by a self-assembled monolayer of aminopropyltriethoxysilane (ATPES) in four microfluidic channels with
250 μmwidth and spacing. The leftmost channel is not functionalized by APTES as a negative control. After the silica surfaces
were functionalized, different concentrations of carboxyfluorescein (20, 10, and 4 μM from the rightmost channel) were
injected in the presence of EDC. Twenty micromolar carboxyfluorescein without EDC was injected in the leftmost negative
control channel. (b) Intensity and linear fit of the carboxyfluorescein fluorescence on each channel surface. The intensity from
the negative control is similar to the level of background noise. These indicate that the silica surface is chemically
functionalized by APTES and can be used to covalently link different concentrations of molecules in individual microfluidic
channels. (c) Frames from a fluorescence recovery after photobleaching (FRAP) experiment on an egg PC supported lipid
bilayer with 1% Rhodamine-PE on the silica-coated Ag nanohole array. The time elapsed after photobleaching is indicated
in the top left corner. (b) Representative FRAP recovery curves for an egg PC membrane on the silica-coated flat surface
(red squares) and a nanohole array (blue circles).
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and facilitate incorporation of membrane receptors.46

The simplest method to form a SLB, and the method
used herein, is the spontaneous rupture of vesicles on
the hydrophilic silica surface.47 After allowing Rhoda-
mine-B-labeled vesicles to rupture and form SLBs on
silica-coated template-stripped smooth surfaces and
nanohole arrays, confocalmicroscopy and fluorescence
recovery after photobleaching (FRAP) were used to
characterize the resulting fluorescent SLBs. After thor-
ough washing, the SLBs showed uniform fluorescence
on both the flat template-stripped areas, as well as the
nanohole arrays (see Figure S5 in the Supporting
Information). FRAP confirms that the SLBs formed on
both the nanohole array and the flat areas are contin-
uous and allow free planar diffusion of lipids. Figure 5c
shows fluorescence images from different time points
during a FRAP experiment for a SLB on a template-
stripped nanohole array. The nanoholes are not visible
in fluorescence mode; however, the presence of nano-
holes was confirmed by viewing the sample in trans-
mission mode. After photobleaching, fluorescent lipids
diffuse into the bleached area and bleached lipids

diffuse outward, resulting in the recovery curves shown
in Figure 5d. Notably, the calculated diffusion coeffi-
cient (D) is lower for SLBs over nanohole arrays. The
diffusion coefficient over the arrays (Darray) was calcu-
lated to be 1.90 ( 0.15 μm2/s, while over flat surfaces,
thediffusion coefficient (Dflat) was calculated tobe2.25(
0.09 μm2/s (mean ( standard deviation). Using an
unpaired t test to compare the means returns a P

value of 0.001, indicating that there is a statistically
significant difference between the diffusion coeffi-
cients. The lower diffusion coefficient over the nano-
holes indicates that the membrane probably follows
the contours of the nanoporous surface.48 Brighter
fluorescence intensity on a nanohole array area com-
pared with a flat surface also indicates that the SLB
conforms to the nanoporous surface. (Detailed anal-
ysis is in the Supporting Information.)

Real-Time SPR Biosensing. For SPR biosensing of mo-
lecular binding on SLBs, biotinylated SLBs were formed
on the silica-coated Ag nanohole array and a solution
containing fluorescently labeled streptavidin-R-phycoer-
ythrin (SAPE) was injected into microfluidic channels to

Figure 6. (a) Real-timekineticmeasurements of 100nMof streptavidin-R-phycoerythrin (SAPE) and1, 5, and10%biotinylated
and nonbiotinylated lipid membranes. After a 5 min baseline with a PBS solution, 100 nM of SAPE in PBS is injected and
incubated for 15min. The flow rate is kept constant at 30 μL/min during SAPE exposure, and data points were recorded every
2 s. (b) Net spectral shift is obtained by subtracting the spectral shift from the binding of SAPE to the nonbiotinylated lipid
membrane. This eliminates shifts due to bulk refractive index changeandnonspecific bindingof SAPE and shifts only from the
specific binding of SAPE to biotinylated PE membranes are obtained. The net shifts are fit by a linear curve. (c) Fluorescence
images of four channels of nanohole arrays. From the leftmost channel, the percent biotinylated PE in egg PC membrane
increases from 0 to 10%. The lipidmembranes are tagged by 1% nitrobenzoxadiazole (NBD). Then 100 nM of SAPE is injected
through the channels for 15min. (d) Fluorescence intensity of NBD in the lipidmembranes andR-PE after bindingwith 100 nM
SAPE as shown in panel c.
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measure binding kinetics of streptavidin to the biotiny-
lated SLBs. The use of fluorescently labeled streptavidin
allows simple confirmation of specific binding by fluo-
rescence microscopy. For SLB formation, a PBS solution
was injected into the channelwith a constant flow rate of
30 μL/min for at least 10 min, and then, a 1 mg/mL of
lipid vesicle solution in Tris buffer containing calcium
was injected into the channel and incubated for 1 hwith
a reduced flow rate of 2 μL/h. This was followed by PBS
washing for at least 30 min with 50 μL/min to remove
excess vesicles. For binding assays, different amounts of
biotinylated phosphatidylethanolamine (biotin-PE)
were incorporated into egg phosphatidylcholine (egg
PC) vesicles and SLBs of the mixtures were formed in
each channel by rupture of the vesicles.49 A biotin-free
egg PCmembranewas used as a negative control. After
5min of baselinewith a PBS injection, a 100 nMsolution
of SAPE was injected for 15 min. The flow rate was kept
constant at 30 μL/min. Figure 6a shows binding kinetics
between 100 nM SAPE and egg PC lipid membranes
with 0, 1, 5, and 10% (w/w) biotin-PE aswell as 1% (w/w)
nitrobenzoxadiazole-conjugated phosphatidylethano-
lamine (NBD-PE). The EOT spectrum through aAgnano-
hole array was recorded every 2 s, and the spectral shift
was plotted without any further data processing. The
standarddeviationof noise (σ) was around3� 10�3 nm
(shown in Figure S6 in the Supporting Information), and
the corresponding resolution (3σ) with the sensitivity of
450 nm/RIU is 2 � 10�5 RIU. The spectral shift shown
from the biotin-free egg PC membrane contains a bulk
refractive index change and nonspecific binding of
SAPE. Therefore, the net shift only due to specific
binding of SAPE to biotinylated-PE can be obtained
by subtracting the kinetic response between SAPE and
the biotin-free egg PC membrane from those between
SAPE and biotinylated PE membranes, as shown in
Figure 6b. The net shift after subtracting the signal
from the negative control channel is linearly propor-
tional to the percent biotinylated PE in the SLB, which
indicates that specific binding between SAPE and

biotinylated PE can be quantitatively measured from
the differential sensing. Figure 6c,d shows fluores-
cence images and intensities of NBD and SAPE after
the kinetic experiments shown in Figure 6a. The
fluorescence intensities of NBD conjugated in the
lipid membranes from the four channels are all similar
regardless of the amount of biotinylated PE, but the
intensity of SAPE fluorescence increases linearly as a
function of the amount of biotin-PE in the SLB. This
confirms that the spectral shifts shown in Figure 6b
result from specific binding between SAPE and bioti-
nylated PE membranes.

CONCLUSION

In conclusion, we have produced smooth periodic
nanohole arrays over nearly centimeter-sized areas in
optically thick Ag films and characterized their optical
properties for SPR biosensing applications. By deposit-
ing a 15 nm thick silica shell to provide a robust
biosensing surface, the Ag film is also protected from
unwanted oxidation. A series of experiments including
covalent derivatization with APTES, SLB formation, and
real-time biosensingwith streptavidin and biotinylated
lipids demonstrates the utility of low-cost, multifunc-
tional, template-stripped Ag nanohole arrays. Nanoim-
print lithography and template-stripping is scalable to
high-throughput production because nanoimprint
lithography can readily duplicate multiple copies of
the reusable Si nanohole templates, all of which can
simultaneously and repeatedly produce centimeter-
sized nanohole arrays in a single metal evaporation
and stripping process. These techniques have the
potential to enable broad dissemination of the nano-
hole-based sensing platform to many researchers who
cannot routinely access high-resolution lithography
equipment in a cleanroom facility. The improved che-
mical stability and spectral sensitivity of the smooth Ag
nanohole arrays combined with silica shells make this
inexpensive platform a promising option for SPR bio-
sensing and plasmonics.

MATERIALS AND METHODS

Fabrication Method. For Si nanohole templates, 4 in. Si wafers
were thermally oxidized to grow a 100 nm thick SiO2 layer. After
the Si wafers were spin-coated with thermal imprint resist, NXR-
1025 (Nanonex Corp.), and being cured, the Si wafers were
imprinted by a Si nanoimprint stamp, which has circular 2D
posts with 210 nm diameter, 350 nm depth, and 500 nm
periodicity. The SiO2 and Si were sequentially etched by reactive
ion etching (RIE) and deep reactive ion etching (DRIE), respec-
tively, to form about 600 nm deep circular trenches in the Si
templates. After the oxide layer was removed by a buffered
oxide etchant (BOE), the templates were cleaned by a 1:1
mixture of sulfuric acid and hydrogen peroxide for 5 min. After
e-beam evaporation of 100 nm thick Ag film on the Si template,
the Ag film was subsequently coated by a UV-curable optical
epoxy (NOA 61, Norland Products) and then covered by a glass

slide. After the epoxy was cured under UV light, themetallic film
perforated with nanoholes, now adhered to the glass slide, was
peeled off of the template to reveal the smooth surface. The Si
templates were then cleaned by a 1:1 mixture of sulfuric acid
and hydrogen peroxide for 10 min and reused to duplicate the
nanohole arrays. The detailed fabrication process is described in
the Supporting Information.

FDTD Simulation. Full 3D finite-difference time-domain (FDTD)
simulations were performed using the commercial software
package Fullwave (RSoft Design Group). A unit cell consisting
of one hole was used with periodic boundary conditions in two
dimensions to simulate an infinite array of periodic nanoholes
and perfectly matched layer (PML) boundary conditions were
used on the boundaries parallel to the metal surface. The grid
used has a constant grid size of 1.5 nm in the plane of the metal
and a nominal grid size of 10 nm graded down to 1 nm near the
Ag interface in the dimension running through the Ag film. The
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complex dielectric constants for the Ag were obtained from
Johnson and Christy50 and numerically fit to a Lorentz-Drude
model, and the index of refraction of the epoxy was set to be
1.56. The nanohole arrays were illuminated with a plane wave
from the liquid side, and the simulation was run long enough to
reach the steady-state solution and the time-averaged total
electric field intensity (Ex

2 þ Ey
2 þ Ez

2) was then extracted.
Vesicle Formation. Vesicles were primarily composed of egg PC

(L-R-phosphatidylcholine from chicken eggs). For fluorescent
vesicles, 1% (w/w) Rhodamine-PE (1,2-dimyristoyl-sn-glycero-3-
phosphoethanolamine-N-lissamineRhodamine-B sulfonyl, ammo-
nium salt) or 1% NBD-PE (1,2-dimyristoyl-sn-glycero-3-phos-
phoethanolamine-N-7-nitro-2-1,3-benzoxadiazol-4-yl, ammo-
nium salt) were included, and for biosensing experiments,
various levels of biotin-PE (1,2-dipalmitoyl-sn-glycero-3-phos-
phoethanolamine-N-biotinyl, sodium salt) were included (with
or without fluorescent lipids) with the egg PC. All lipids were
obtained from Avanti Polar Lipids and used without further
purification. Vesicles were formed by drying and rehydration
followed by extrusion. Lipid solutions in chloroform were dried
under vacuum in glass vials for at least 6 h to remove all solvent.
Then the dried lipid filmwas rehydrated with Tris buffer (100mM
NaCl, 10 nM Tris, 1 mM EDTA) and refrigerated overnight. Next
the lipids were vortex mixed for 10 s to disperse the vesicles into
solution. Extrusion was carried out at room temperature with an
Avanti mini-extruder using a polycarbonate membrane with
200 nm holes. Prior to FRAP or biosensing experiments, the
vesicles were transferred to Tris buffer containing calcium
(100 mM NaCl, 10 mM Tris, 10 mM CaCl2) to facilitate the
formation of supported lipid bilayers by vesicle rupture.

FRAP Measurements. For FRAP experiments, SLBs were formed
on silica-coated template-stripped substrates by vesicle
rupture.47 The substrates were exposed to vesicle solutions
(egg PC/1% (w/w) Rhodamine-PE; 1 mg/mL total lipids) in Tris
buffer with calcium for 1 h. After vesicle rupture, the substrates
were washed thoroughly with DI water to remove unruptured
vesicles and were prevented from drying before and through-
out imaging. FRAP was carried out with an Olympus FV1000
upright confocal microscope equipped with a 60� water-
immersion objective with a 0.90 numerical aperture. A small
circular spot (radius 12�15 μm) on the SLBs was photobleached
with simultaneous laser beams at 405, 488, and 543 nm for 10 s.
Fluorescence recovery of the photobleached area was moni-
tored by rastering a 543 nm laser spot over the sample and
recording an image frame every 2 s. The recovery curves were
plotted by determining the average pixel intensity in the
bleachedarea as a functionof timeusing ImageJ software, version
1.44j. Fluorescence intensity was normalized to prebleach values
and fit to a single exponential function to determine the time
elapsed at which fluorescence had recovered to 50% of the
maximum value (t50). The diffusion coefficient (D) for lipids in
the SLB was calculated with the following equation: D = r2/4t50,
where r is the radius of the photobleached spot.51,52

SPR Biosensing Measurements. For kinetic assays in a lipid
membrane environment, a 12-channel PDMS microfluidic de-
vice with 250 μmwide and 50 μmhigh channels was assembled
on the template-stripped nanohole arrays encapsulated by a
15 nm thick silica layer. Before SLB formation, a PBS solutionwas
injected into themicrofluidic channels for at least 10min to wet
the surface. SLB formation was carried out by injecting egg PC
vesicles with or without biotin-PE and NBD-PE into the channels
with a constant flow rate of 2 μL/h. Only egg PC vesicles without
biotin-PE were injected in channels for negative controls. After
incubation of vesicles for 1 h to allow vesicle rupture on the
silica surface, the channels were washed by PBS for another
30minwith a flow rate of 50μL/min. After 5min baselinewith the
PBS solution, 100 nM of SAPE solution was injected for 15 min,
followed by PBS washing for another 15 min. During kinetic
assays, the flow rate was kept constant at 30 μL/min by a syringe
pump (Harvard Apparatus PHD-2000). The transmission spectra
were collected with a microscope objective (50�, NA = 0.55) and
fiber-optic spectrometer (Ocean Optics USB4000) and recorded
every 2 s. The spectral shifts of the minimum transmission peak
around 700 nm were monitored for real-time kinetics of SAPE
binding to biotin-PE.
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